DNA in situ hybridization (DNA ISH) is a commonly used method for mapping sequences to specific chromosome regions. This approach is particularly effective at mapping highly repetitive sequences to heterochromatic regions, where computational approaches face prohibitive challenges. Here we describe a streamlined protocol for DNA ISH that circumvents formamide washes that are standard steps in other DNA ISH protocols. Our protocol is optimized for hybridization with short single strand DNA probes that carry fluorescent dyes, which effectively mark repetitive DNA sequences within heterochromatic chromosomal regions across a number of different insect tissue types. However, applications may be extended to use with larger probes and visualization of single copy (non-repetitive) DNA sequences. We demonstrate this method by mapping several different repetitive sequences to squashed chromosomes from Drosophila melanogaster neural cells and Nasonia vitripennis spermatocytes. We show hybridization patterns for both small, commercially synthesized probes and for a larger probe for comparison. This procedure uses simple laboratory supplies and reagents, and is ideal for investigators who have little experience with performing DNA ISH.
Introduction
DNA in situ hybridization (DNA ISH) is a commonly used method for mapping sequences to specific chromosome regions. Probes to single copy regions within euchromatin can be generated through a handful of approaches, including nick-translation or end-labeling of long DNA products 1, 2 and the incorporation of deoxygenin (DIG)-attached nucleotides and their recognition through a wide variety of group-conjugated antibodies [1] [2] [3] . Visualization of euchromatic sequences in few or single copy number requires the use of either single, large probes with high specific activity or a cocktail of multiple, smaller probes that collectively enhance signal.
In contrast, highly repetitive sequences found in heterochromatin, such as satellite DNAs, are easier targets for DNA ISH because they normally exist as tens to thousands of repeats clustered in single chromosome regions known as blocks. Transposable elements also can be found at high copy numbers at distinct chromosomal loci 2 . In these cases, single probes with low specific activity can effectively label heterochromatic sequences due to their hybridization at multiple sites. Probes to repetitive sequences can be synthesized commercially as short oligonucleotides (30-50 bp) and chemically conjugated with any of multiple different fluorescent groups. Mapping repetitive sequences within heterochromatin by using genome-sequencing technologies is difficult due to challenges encountered in building scaffolds within highly repetitive satellite blocks [4] [5] [6] 7 . Currently, ISH stands as the most effective way of mapping these sequences at the sub-chromosome level. This strategy is important for mapping large numbers of repetitive sequences that are being uncovered by ongoing genome and transcriptome sequencing studies.
The efficiency and ease of mapping repetitive sequences on slide-mounted chromosomes would be greatly enhanced by a simplified protocol for DNA ISH. For example, existing protocols for DNA ISH involve multiple washes of hybridized tissues in formamide solution 2, 8 , thus adding substantially to the required time for mapping sequences and also producing large amounts of chemical waste for this costly reagent. Here we describe a revised DNA ISH method that circumvents the need for formamide washes and utilizes basic laboratory equipment and reagents. This method was originally designed for the rapid mapping of highly repetitive DNA sequences in heterochromatic regions of Drosophila larval neuroblasts by using commercially synthesized oligos that are conjugated with fluorescence dyes. However, this method also works for mapping repetitive sequences by using larger probes synthesized through other means 9, 10 and across multiple different tissue and chromosome types.
Additionally, this method can be used to map euchromatic sequences by using longer or multiple, short probes within the euchromatic sequence of interest.
Protocol

Tissue Dissection and Fixation (60 min)
1. For Drosophila brains, place 3 rd instar larvae in a drop of 1x PBS (phosphate buffered saline). Choose large 3 rd instar larvae that are actively crawling from vials or bottles that are not overcrowded. 1. Use one ultrafine tweezer pair to grab hold of the mouth hooks and another tweezer pair to grab 2/3 down the length of the body ( Figure 1A, B) . Pull gently on the mouth hooks to expose the brain, ventral ganglia, salivary glands and part of the larval digestive tract. Use the tweezers to separate the brain and ventral ganglia ( Figure 1A, B) from the other tissues and place in a droplet of 1x PBT (phosphate buffered saline with Tween) on a plastic Petri plate.
2. For Nasonia testis dissections, choose male 3-day-old pupae (yellow bodies with red eyes). Male Nasonia have small wing pad lengths relative to females during the pupal stage ( Figure 1C ). 1. Hold the pupa at the top of the abdomen near the thoracic region with one tweezer pair, and using the other tweezer pair, grab the very distal tip of the abdomen and pull out the tear-drop-shaped testes (they will be surrounded by fat body that can be gently shaken away; Figure 1D ). Detach any exterior body parts from the testes, which will prevent proper squashing, and place in a droplet of 1x PBT on a plastic Petri plate.
3. For each slide, dissect a total of four or five tissue samples (i.e., Drosophila larval brains or Nasonia testes). NOTE: More than five samples will lead to overcrowded nuclei and chromosomes. 4. Optionally, to achieve some separation of sister chromatids in euchromatic regions of mitotic chromosomes, treat the tissue with a hypotonic solution: transfer brains from 1x PBT to a drop of 0.5% sodium citrate for 5-10 (no more than 10) min. NOTE: Colchicine (a mitotic inhibitor) can be helpful for increasing the number of mitotic figures at metaphase 11 . However, its use is unnecessary if very large healthy larvae are used, and even undesirable because it can negatively affect the chromosome resolution, spreading and morphology. 5. Place a droplet (~20 µl) of fixative solution (2.5% paraformaldehyde in 45% acetic acid) onto the surface of a clean Sigmacote-treated cover slip. NOTE: Make fixative solution fresh for each day of use. Fixative solutions ranging from 1.8-3.7% paraformaldehyde in 45% acetic acid yield the best results for FISH. Using tissues other than brains or testes, or adapting this protocol for immuno-FISH may require experimenting with different fixatives (for a list of different fixatives, see 12 ). 6. Carefully transfer each tissue sample from the dissecting buffer (1x PBT) into the fixative droplet with ultrafine tweezers, minimizing the transfer of dissecting buffer into the fixative solution. Position the tissue samples so that they are evenly spaced from one another within the fixative droplet. Incubate the tissues in fixative for 4 min at room temperature. 7. Carefully place a poly-lysine-coated slide face down onto the tissue and cover slip. Do not press down at this point but instead allow the two to contact lightly so that the cover slip sticks onto the underside of the slide. Invert the slide so that the cover slip is on top. 8. Sandwich the slide/tissue/cover slip inside a folded piece of filter paper. On a stable surface, using the thumb, press very firmly straight down onto the position directly above the cover slip. Be careful to avoid lateral sliding of the cover slip (this will cause smearing of the tissue). 9. Submerge the slide/tissue/cover slip into liquid nitrogen (see apparatus in Figure 1E , F), and let stand until the Nitrogen stops boiling (longer is fine). Remove the slide and immediately snap off the cover slip with a fresh razor blade by flicking a corner of the cover slip in an upward direction (avoid scratching the fixed tissue with the razor blade). 1. Pre-cooling the slide/tissue/cover slip on a block of dry ice, cover slip up, for 1-2 min prior to submerging in liquid nitrogen will help prevent the slides from cracking.
10. Immediately place the slide with tissue into a Coplin jar filled with 100% ethanol at room temperature and let stand for at least 5 min (this time can be longer if needed). NOTE: Cold 100% ethanol could also be used. 11. Remove the slide with tissue, wick away excess ethanol with a Kimwipe (without touching the fixed tissue), and leave the slide to air dry for 1 hr. 1. Proceed directly to step 2 or keep slides dry in low humidity air or in a desiccation chamber for weeks to even months before performing the hybridization. A testis pair dissected from a 3 day old Nasonia male pupa (right) with positions indicating where to grab the pupa at the posterior of the abdomen (denoted with *) and midway on the body; (left) schematic depicting male and female wasp pupae; male pupae can be distinguished by wings that do not extend past the saggital profile (black arrow), in contrast to females, which have wings that extend past the profile; the relative position of the testis pair is shown in the male pupa. (E) The apparatus-a string of paperclips-and (F) method used to immerse slides in a vessel of liquid nitrogen. Multiple paperclip strings can be used for simultaneous immersion of multiple slides.
2.
In situ Hybridization (30 min on day 1; 1 hr-2.5 hr for long probes-on day 2)
1. Add 1 µl (100 ng) of each probe to 20 µl of 1.1x hybridization buffer. Pipet probe/hybridization buffer onto the surface of the fixed tissue (avoid touching the tissue). 2. Carefully place a cover slip directly onto the probe/hybridization buffer, making sure that the cover slip is centered directly over the tissue. The buffer should migrate to the outer edge of the cover slip, leaving no air bubbles. NOTE: Small bubbles that do not contact tissue do not pose any problems to the procedure. Remove large bubbles by carefully lifting a corner of the cover slip and carefully dropping it back onto the slide. 3. Place the slide/tissue/cover slip onto the surface of a block pre-heated to 95 °C (cover slip up). Cover with a large piece of aluminum foil to prevent light exposure. Let the slide incubate at 95 °C for 5 min. NOTE: A typical heat block with holes for tubes can be flipped over to provide a flat surface on which to place the slide/tissue/cover slip. 4. Remove the slide, letting it cool slightly until it is warm to the touch. Carefully wrap a piece of stretched Parafilm around the cover slip to seal the liquid beneath it. 5. Place the sealed slide inside a humidity chamber and place the chamber into an incubator preheated to 30 °C. Incubate at 30 °C for 4 hr to overnight. 1. Create a humidity chamber from an empty tip box or lidded Tupperware container with dampened Kimwipes or paper towels placed at the bottom. NOTE: Single stranded DNA oligo probes have been designed to be 28-33 bases to achieve a theoretical melting temperature (T m ) of 45-47 °C. These length and T m ranges reflect the fact that many repetitive sequences that we have studied are AT-rich and therefore have very low GC content. Longer probes will likely have higher T m values; this may result in higher background hybridization at the standard hybridization temperature of 30 °C. Thus, some troubleshooting with hybridization temperatures may be required to achieve the best results. To find the best hybridization temperature, increase (or decrease) the temperature by 5 °C, incrementally.
6. Carefully remove the Parafilm from the slide and then carefully remove the cover slip by slowly lifting one corner. Wash the slide three times for 15 min each wash in 0.1x SSC buffer. Cover the Coplin jar with aluminum foil during the washes to minimize light exposure.
7.
If not using a long biotinylated probe, proceed to step 2.8. 1. If using a long biotinylated probe, dry the area around the tissue with a Kimwipe, being careful not to touch the tissue itself. Place 100 µl of blocking solution over the tissue and cover gently with a coverslip, taking care to avoid trapping bubbles. Wrap the slide over the coverslip with Parafilm and place at 37 °C for 30 min. 2. Carefully remove the coverslip and blot around the tissue with a Kimwipe. Pipet 100 µl of rhodamine-avidin diluted 1:1,000 in SBT over the tissue and cover gently with a coverslip, taking care to avoid trapping bubbles. Wrap the slide over the coverslip with Parafilm and place at 37 °C for 30 min. 3. Carefully remove the coverslip and wash the slide 3 times for 5 min each in 4x SSCT and then 3 times for 5 min each in 0.1x SSC.
NOTE: Slides can be washed for longer periods of time.
8. Remove the slide and blot around the tissue with a dry Kimwipe to remove excess buffer (avoid touching the tissue). Place the slide tissue side up in a dark place for 10-15 min or until the moisture completely dissipates. 9. Pipet 11 µl of Vectashield mounting medium (with 4',6-diamidino-2-phenylindole-DAPI) onto the tissue. Carefully place a clean cover slip (not treated with Sigmacote) directly over the center of the mounting medium and tissue. The mounting medium should migrate slowly outward toward the edges of the cover slip. NOTE: If the mounting medium fails to reach the edge of the cover slip on all sides, then an additional 1-2 µl of mounting medium can be applied to one position at the edge of the cover slip to fill in the needed volume. In this case, be sure to wipe away any excess medium from the slide surface before sealing. 10. Seal the edges of the cover slip with nail polish. Avoid painting the nail polish over the tissue sample. 11. Place the slide upright in a dark place and let the nail polish dry until completely hard (usually 30 min or more). At this point, image the tissue or store at -20 °C for up to 1 week for later imaging.
Buffer/Solution Recipes 10x PBS
• 80 g NaCl 
Representative Results
To demonstrate this method, we hybridized a set of small commercially synthesized oligos that were chemically modified with fluorescent conjugates (Figure 2 ) and a longer biotinylated probe (made through nick translation of a PCR product; Figure 2B ), to chromosomes from several different tissue types (see Table 1 ). The target sequences included satellite repeats located in pericentromeric (heterochromatic) regions of mitotic chromosomes from D. melanogaster larval neuroblasts (Figure 2A-C) , and meiotic chromosomes from pupal N. vitripennis testes ( Figure 2D) . The hybridizations in each of these cases revealed discrete banding patterns at sub-chromosomal regions. One point worth mentioning is that the probe to the D. melanogaster 359 bp satellite repeat recognizes both a large multi-megabase pair block on the X, and a much smaller region on chromosome 3 (Figure 2A) . A longer probe against the Responder satellite also detects repeat blocks consisting of relatively low repeat copy numbers (~700 copies; Figure 2B ). Thus, this method allows visualization of very small satellite blocks. To help reveal chromosome structure and aid in chromosome identification, it can be useful to treat the chromosomes with a hypotonic solution (described in step 1.5). The tissues in figure panels 2B and 2C were treated with a hypotonic solution for 5 and 10 min, respectively. Note the separation of sister chromatids is greater with the longer treatment ( Figure 2C ). were hybridized with short, fluorescently labeled oligos. In (B), the green signal corresponds to the AAGAG satellite (synthesized oligo) and the red signal is the 120 bp Responder satellite (a biotinylated probe; marked with red arrows). (C) The same Responder satellite with a short fluorescently labeled oligo (red arrows). In (D), the red arrow marks a satellite that is uniquely located on the Paternal Sex Ratio (PSR) chromosome, which is a non-essential, supernumerary B chromosome found in natural populations of N. vitripennis 13 , while the green arrow indicates a satellite on one of the normal chromosomes; this hybridization was performed by using short, fluorescently labeled oligos. All probes are detailed in Table 1 
Discussion
DNA ISH is frequently used to map specific sequences to chromosomes. We have described a simple method for DNA ISH optimized for high copy number, heterochromatic sequences. Rather than using washes in a formamide solution, which is a requirement in other existing DNA ISH protocols, we place tissue-mounted slides directly on a pre-heated block to denature DNA. This method circumvents the use of large amounts of formamide. One critical step for producing crisp hybridization signals is to use freshly made fixation solution; failure to do so (or making new solution with paraformaldehyde that has been open for more than one month) may decrease signal resolution. A limitation of this method is that, like for other DNA ISH protocols, the hybridization temperature may require optimization in order to eliminate spurious hybridization to off-target sequences.
This protocol is sensitive-short, ssDNA probes conjugated with a single fluorophore per molecule can detect blocks of repeats with even relatively low repeat copy numbers (e.g., ~700 Rsp repeats; Figure 2C ). Signals to satellite blocks with fewer repeats may be visualized with short ssDNA probes by using a highly sensitive digital camera. Although not shown here, this method is also effective for mapping non-repetitive sequences in euchromatin 10 . Using long, biotinylated probes provides more flexibility in detecting low copy number sequences as the signal can easily be amplified by repeated treatments of biotinylated anti-avidin and rhodamine-avidin 9 . To visualize single-copy sequences, multiple probes spanning the sequence may be necessary. Alternatively, bacterial artificial chromosomes (BACs) containing the sequence of interest can be labeled through nick translation or random priming for use as a probe for non-repetitive sequences 10 . To map sequences on a fine scale, probes targeting different repeats (each with different fluorophores) can be used simultaneously to obtain the position of target sequences relative to other repeats and structural landmarks on the chromosomes. While we use two probes here (Figure 2A, B, D) , the number of probes can easily be increased to three 10 or more, depending on the number of different microscope fluorescence filters available. This protocol can be extended to other tissues-we have verified that the protocol works well on polytene chromosome squashes from salivary glands. It is conceivable that this method be coupled with immuno-staining of chromatin proteins; however it is recommended that immuno-staining be performed as a first step and followed by re-fixation with paraformaldehyde before DNA ISH in order to prevent antibody loss during DNA ISH.
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